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Effects of sunlight and hydroxyl radical on dissolved organic matter: Bacterial growth
efficiency and production of carboxylic acids and other substrates

Michael J. Pullin,* Sefan Bertilsson,? Jared V. Goldstone,®* and Bettina M. Voelker*
Ralph M. Parsons Laboratory, Department of Civil and Environmental Engineering, Massachusetts Institute of Technology,

Cambridge, Massachusetts 02139

Abstract

This study examines the importance of several possible mechanisms causing sunlight-mediated changes in the
amounts of bacterial utilization and biomass growth on dissolved organic matter (DOM) from allochthonous sources.
Our results demonstrate that, while hydroxyl radical reactions with DOM can be an important process increasing
its bioavailability, other photoreactions will cause most of the sunlight-induced increases unless hydroxyl production
rates are high (>~7 wmol L-* d-%). Low molecular weight carboxylic acids could not account for most of the
observed sunlight and hydroxyl-induced increases in DOM bioavailability. Both sunlight and hydroxyl-mediated
reactions significantly decreased the bacterial growth efficiency of DOM, indicating that photochemical reactions
affect not only the fraction of the total DOM pool available to bacteria on ecologically relevant timescales but also
the substrate quality and ultimately the environmental fate of this material. Extrapolation of these results to field
conditions suggests that photochemical and biochemical mineralization could be an important sink of DOC and
source of bioavailable carbon in the Plum Island estuary during the summer months.

Dissolved organic matter (DOM) is a heterogeneous mix-
ture of natural organic compounds that is present in all nat-
ural waters. The sources of this carbon in freshwater systems
include both in situ biological production (autochthonous
sources) and detrital carbon from the surrounding terrestrial
watershed (alochthonous sources). At one time, relatively
labile autochthonous material was thought to be the domi-
nant source of substrates for bacterial growth in these sys-
tems (Cole et a. 1982). More recently, it has become clear
that relatively recalcitrant allochthonous (or humic) organic
matter can also be a major source of energy and carbon for
bacterial growth in many freshwaters (Tranvik 1988; Moran
and Hodson 1990).

One important environmental factor that may change the
utilization of DOM by bacteriais exposureto light. A variety
of studies have shown that irradiation of DOM by natura
and/or simulated sunlight can increase both the amount of
DOM that is susceptible to bacterial utilization and the abil-
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ity of this material to support bacterial growth (Miller and
Moran 1997; Moran et a. 2000; Tranvik and Bertilsson
2001; Obernosterer and Benner 2004). This effect has, in
part, been attributed to the photoproduction of biologically
labile low molecular weight (LMW) organic compounds
from DOM (Kieber et al. 1989; Bertilsson and Tranvik
1998). Identified photoproducts include LMW carboxylic ac-
ids, aldehydes, and ketones (Moran and Zepp 1997; Bertils-
son and Tranvik 2000).

Photochemical reactions can also oxidize organic carbon
to CO, (mineralization), removing it from the pool of poten-
tially available carbon substrates (Miller and Zepp 1995;
Miller and Moran 1997; Bertilsson and Tranvik 2000; Moran
et al. 2000; Goldstone et a. 2002). The photoproduction rate
of LMW carboxylic acids is reported to be 30-50% of that
for CO, photoproduction. Because these organic acids are
biologically labile, this reaction pathway represents a rela-
tively important sink of DOC in natural surface waters (Ber-
tilsson and Tranvik 1998, 2000). The photoproduction rates
of LMW aldehydes and ketones are estimated to be com-
parable with those of CO (another photoproduct), or 10-20
times slower than for CO, (Miller and Moran 1997; Moran
and Zepp 1997).

Exposure of DOM to solar radiation can also decrease the
biological utilization of DOM in both freshwater and marine
ecosystems (Benner and Biddanda 1998; Tranvik and Kokalj
1998; Obernosterer et al. 1999). This observation seems to
be limited to systems dominated by autochthonous (phyto-
plankton-derived) inputs. Thus, the overall effect of photo-
chemical processes on the ability of DOM to support bac-
terial growth is probably the net result of two underlying
processes. photochemical increases in the lability of humic
carbon and photochemica decreases in the lability of algal
carbon (Tranvik and Bertilsson 2001).

One question not settled by previous studies is to what
extent the observed increase in the bioavailability of alloch-
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thonous DOM s due exclusively to the photoproduction of
the LMW organic compounds identified so far. In an effort
to answer this question, Miller and Moran (1997) compared
their observed photochemically induced increases in bacte-
rial growth to previously reported rates of LMW substrate
photoproduction. They concluded that there were either un-
known labile photoproducts produced that were not account-
ed for in their mass balance or that other photochemical
changes in DOM occurred that rendered it more susceptible
to microbial utilization. However, their analysis did not take
the photoproduction of LMW carboxylic acids into account.
Later studies showed that these compounds may be the quan-
titatively dominant LMW photoproducts (Bertilsson and
Tranvik 2000; Moran and Covert 2003). Furthermore, the
combined uptake rate of only three carboxylic acids (formic,
acetic, and malonic acid) was found to greatly exceed bac-
terial production, suggesting that these LMW substrates
alone could account for the bulk of the observed increase in
DOM bioavailahility upon exposure to solar radiation (Ber-
tilsson and Tranvik 1998). In contrast, Brinkmann et al.
(2003) recently reported that the photochemical production
of LMW carboxylic acids only accounted for 33% of the
increased bacteria uptake (measured as DOC loss) after the
ultraviolet (UV) irradiation of a bog-water sample.

The ability of DOM to support bacterial growth is not
only governed by the overall amount of its utilization (gen-
eraly defined as its bioavailability). The quality of this ma-
terial, or its ability to support the production of new biomass,
is also an important consideration. This is reflected in the
bacterial growth efficiency (BGE), defined as the ratio of
bacterial biomass production to total carbon utilization. This
parameter describes the partitioning of utilized carbon sub-
strates into new biomass and CO, and is important in deter-
mining the exchange of carbon and energy between DOM
and aquatic food webs (del Giorgio and Cole 2000). Given
that photochemical reactions are known to change the chem-
ical structure and bacterial availability of DOM, it is cer-
tainly possible that photochemical processes could change
also overall BGE on natural DOM.

Despite the potential importance of possible photochem-
ical changes in this balance, only a few studies have ex-
amined the effect of sunlight exposure on BGE, with mixed
results. In long-term incubations (51 d) of estuarine water
initially treated with varying amounts of light (0—70 d), Mor-
an et al. (2000) observed that increasing initial sunlight ex-
posures increased bacterial respiration at a greater rate than
the overal DOC dtilization. This implies a decrease in the
overal BGE due to the sunlight pretreatment (although the
authors neither calculated nor discussed the BGE values for
their experiments). Farjalla et al. (2001) examined bacterial
utilization of dissolved organic carbon leached from aquatic
macrophytes and found that exposure to UV light decreased
the ability of the material to support bacterial growth where-
as utilization of DOM was not affected, also suggesting a
decrease in BGE. However, Reche et al. (1998) found that
sunlight exposure caused an increase in BGE on DOM in
lake-water incubations.

Although many studies have examined the overall effect
of sunlight exposure on bacterial DOM utilization, the un-
derlying photochemical mechanisms that cause these chang-
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es are not well understood. One possible mechanism is the
reaction of DOM with photoproduced reactive oxygen spe-
cies (ROS), such as the hydroxyl radical (HO-) (Goldstone
et al. 2002; Scully et al. 2003a). Hydroxyl radical is pro-
duced photochemically in natural waters through at least
three mechanisms: nitrite/nitrate photolysis, the photo-Fen-
ton reaction (the reaction of photoproduced Fe(Il) and H,O,
with each other), and the direct photolysis of DOM (Zepp
et al. 1987; Mopper and Zhou 1990; Zepp et a. 1992; Voel k-
er et al. 1997; Vaughn and Blough 1998; Southworth and
Voelker 2003). Subsequently, HO- is rapidly consumed by
reactions with organic and inorganic species (Brezonik and
Fulkerson-Brekken 1998; Goldstone et al. 2002). In most
freshwater systems, DOM is the mgjor sink for photoprod-
uced HO- (Brezonik and Fulkerson-Brekken 1998; Gold-
stone et al. 2002). In seawater, reactions of HO- with inor-
ganic Br- produce oxidized bromide radical species
(Zafiriou et al. 1987) that appear to also react primarily with
DOM (Song et a. 1996).

It has recently been shown that the reactions of hydroxyl
radical (HO-) with isolated humic substances can produce
LMW carboxylic acids, although at slower rates than needed
to account for previously observed sunlight production rates
(Goldstone et al. 2002). Additionally, this study reported that
exposure to HO- did not change the ability of DOM to sup-
port bacterial growth. This suggests that the reaction of pho-
toproduced hydroxyl radical with DOM is not an important
mechanism affecting its bacterial utilization. However, be-
cause carbon utilization was not measured during the bio-
assays, changes in the magnitude or the efficiency of bac-
terial carbon utilization would have gone undetected in these
experiments, possibly missing an effect of HO- on DOM
biocavailahility. Additionally, natural organic matter might re-
act differently from the isolated humic substances investi-
gated in the prior study (Goldstone et al. 2002), and DOM
from different origins may also react differently.

The purpose of this study was to examine the importance
of two processes involved in sunlight-mediated changes in
the amount of bioavailable DOM and the resulting bacterial
growth efficiency: the photoproduction of LMW carboxylic
acids and the reaction of photoproduced HO- with DOM.
This was accomplished by exposure of filter-sterilized nat-
ural water samples to either natural solar radiation or non-
photolytic HO-, followed by direct measurements of LMW
acid production and utilization, uptake of DOC, and bacterial
biomass accumulation in dilution cultures. The simultaneous
assessment of both biomass and total carbon utilization al-
lowed us to determine the effect of sunlight and HO- on the
bacterial growth efficiency. In an effort to examine the effect
of DOM source on these processes, experiments were con-
ducted on water from two sites on the Parker River (coastal
Massachusetts), one dominated by terrestrial DOM inputs
and a second located at an upper-estuarine diatom bloom
with an additional autochthonous DOM input. The impli-
cations of the results obtained in these laboratory experi-
ments for the fate of organic carbon from the Parker River
are also discussed.
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Materials and methods

Field site and sampling—The Parker River is located on
the coast of Massachusetts (USA). It drains a rural and sub-
urban watershed (155 km?), eventualy traversing a salt
marsh before emptying into Plum Island Sound. A small,
spillover dam at a historic mill site separates the freshwater
Parker River from its tidally influenced oligohaline zone.
Further details regarding the watershed are given in several
publications (Vallino and Hopkinson 1998; Holmes et al.
2000; Hullar 2000).

Whole-water samples were collected from two sites on the
Parker River on 11 July 2001. Site 1 was just upstream of
the above-noted dam, while Site 2 was approximately 50 m
downstream of the dam. The sampling date and the location
of Site 2 were chosen to correspond to a predictable diatom
bloom that occurs annually in the Parker River (Holmes et
al. 2000). The bloom was located in the river channel as a
maximum in dissolved oxygen (~120% saturation) and by
the obvious green color of the water. Later analysis dem-
onstrated greatly elevated chlorophyll a (Chl a) concentra-
tions (83.1 ug L %) relative to upstream Site 1 (10.0 ug L—%).
The salinity of the water at the location of the bloom was
0.90 %o during low tide. Samples (approximately 10 liters)
were collected by hand in acid-washed fluorinated high-den-
sity polyethylene carboys (Nalgene) from shore (Site 1) and
from a small boat (Site 2). The samples were kept at near
ambient water temperature in coolers until the return to the
laboratory (< 5 h). Each sample was then filtered into a
second clean carboy using sterile 0.2 um Maxi Capsule®
membrane cartridge filters (Gelman Science) and stored in
dark refrigeration until use (see dates below). To avoid car-
bon contamination, the filters were precleaned by recircul at-
ing 1.0 mol L-* HCI through the filters and tubing for 30
min at approximately 1 liter min—t, rinsing with 20 liters
UV-treated deionized water (17.8 M()), and then discarding
the first 1 liter of filtered sample. A new filter was used for
each sample.

Pretreatment and incubations—Prior to incubation with
bacteria, triplicate 500-ml aliquots of the 0.2 um filtered
samples from each sampling site were exposed to either sun-
light or hydroxyl radical or left untreated as controls. The
sunlight-treated samples were exposed to rooftop sunlight in
500-ml quartz round-bottom flasks (combusted, 450°C, 12
h). The flasks were filled, sealed with glass stoppers, wired
closed, and submerged in a water bath to just cover the
flasks, preventing the condensation of water vapor on their
outer surfaces. The temperature of the water bath was fixed
at 20°C by circulating refrigerated water through a coil of
copper tubing at the bottom. The samples were exposed to
6 h of cloudless midday sun in Cambridge, Massachusetts,
on 21 July 2001 and again for 8 h on the next day. Between
exposure days and after irradiation, the samples were stored
in dark refrigeration. The hydroxyl radical treatment (30
umol L-* total dose of HO-) was performed using the gam-
ma radiolysis of water, as described in detail by Goldstone
et al. (2002). Briefly, the samples were saturated with a 4:
1 mixture of N,O and O, by bubbling with a gas frit (30
min) and then exposing to the gamma radiation emitted by
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a ®Co source (GammaCell 220) for 30 min. The rate of
hydroxyl radical production by this method (1.0 wmol L-*
min-t) was measured as described by Goldstone et al.
(2002). As an untreated control, triplicates of each water
sample were kept dark at room temperature (20°C) in the
laboratory during the period of the sunlight irradiation. The
pH of the samples (7.6 = 0.1) was not affected by either
treatment.

The triplicate samples of sunlight-treated, hydroxyl radi-
cal-treated, and untreated water from both sampling sites
were inoculated with a natural bacterial assemblage. On the
day the incubations were started (25 July 2001), we returned
to Site 1 and collected a whole-water sample. Upon return
to the lab (<2 h), the water was filtered through a combusted
(450°C, 3 h) glass-fiber filter (Whatman GF/F, 0.7 wm nom-
inal pore size) to remove bacteriovores, and then the filtrate
was amended with sodium hydrogen phosphate and ammo-
nium chloride. The resulting mixture of nutrients and bac-
teria was added 1:10 (v:v) to each treated sample and the
controls. The final concentrations of the added nitrogen and
phosphorus in the incubations were 100 wmol L-*.

These cultures were incubated in darkness at 22°C and
individually sampled both before and after addition of the
bacterial inoculum and then after 3, 5, 7, 9, 11, 13, and 15
d. To sample the incubations for the analysis of DOC and
LMW organic acids, 20 ml was removed from the incubation
bottles and 0.2 um filtered directly into precleaned 40-ml
amber glass vials (TraceClean, 1-Chem) using sterile po-
lyethersulfone syringe filters (Nalgene 180-1320). For the
determination of cell abundance, 5 ml of unfiltered water
was also removed to sterile FACScan flow cytometry tubes
(Becton Dickinson) and preserved by adding 0.2 um filtered
sodium tetraborate-buffered formaldehyde to a final concen-
tration of 2%. All samples were refrigerated in darkness until
analysis (within 1 month).

To avoid carbon contamination during sampling, we found
that it was necessary to use glass and Teflon® syringes and
Teflon™ tubing for fluid handling and transfer and also to
clean the syringes, tubing, and filters prior to use. The sy-
ringes and tubing were cleaned by soaking in 10% HNO,
overnight and then rinsing with UV-treated deionized water
and high-performance liquid chromotography (HPL C)-grade
methanol (Mallinckrodt), followed by drying with 0.2 um
filtered TOC-grade air (BOC gases). For each sample, a new
syringe filter was cleaned by filtering 5 ml 1.0 mol L-* HCI
followed by 10 ml UV-treated deionized water and then dis-
carding the first 1 ml of filtrate. By measuring DOC (see
below) before and after filtration with filters cleaned in this
manner, we were able to confirm that no measurable amount
of carbon was added to the filtrate by this method.

In addition to the incubation of untreated water samples
as controls, we conducted an experiment to verify that the
gamma radiolysis did not cause a slow or delayed abiotic
loss of DOC or conversion of DOM to LMW &acids over the
timescale of our biological incubations. Such a delayed re-
sponse may occur as aresult of relatively long-lived organic
radical species and could be misinterpreted as bacterial uti-
lization. Water from Site 1 was filter-sterilized (0.2 pm) di-
rectly into 15 amber glass vials using a sterile, precleaned
Nalgene cartridge filter. The vials were capped and saturated
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with a 4:1 N,O/O, gas mixture using two syringe needles
passed through a silicone septum in the caps. The vials were
exposed to 30 min of y-radiation from the ®°Co source, with
one set of three vials left unexposed. Three of the exposed
vias and the three unexposed vias were immediately
opened and analyzed for hydrogen peroxide, low molecular
weight carboxylic acids, and DOC. The other nine exposed
vias were left in the dark at room temperature and then
opened in triplicates for immediate analysis of LMW acids
and DOC after 2, 6, and 14 d. It is assumed that the -
radiolysis treatment rendered the vials sterile until opened.

Analytical methods—DOC was measured using a Shi-
madzu TOC-5000 analyzer. Prior to analysis, 0.2 um filtered
samples (see above) and potassium hydrogen phthalate stan-
dards were acidified by adding 10.0 ul of 2.0 mol L-* HCI
per 1.0-ml sample, followed by sparging with TOC-grade air
(BOC gases) for 5 min. A ThermoOrion 91-57 combination
electrode and a 420A pH meter were standardized with NIST
traceable buffers (VWR Scientific) and used to measure pH.
Hydrogen peroxide was measured by chemiluminescence
(Cooper et al. 2000; Southworth and Voelker 2003). Total
dissolved iron was measured using hydroxylamine HCI and
ferrozine on 0.2 um filtered samples, according to Voelker
et al. (1997). Chl a was measured spectrophotometrically on
cells captured on Whatman GF/F glass-fiber filters (Carlsson
et al. 1995). DOM absorbance spectra (200—800 nm) were
obtained using a HP 8453 spectrometer (Agilent) in a 1.0-
cm quartz cell with deionized water as a reference.

LMW carboxylic acids were measured by the ion-pairing
reversed phased HPLC of their 2-nitrophenylhydrazide de-
rivatives (Albert and Martens 1997), as described in detail
by Goldstone et al. (2002). The method gives baseline res-
olution of glycalic, lactic, formic, acetic, levulinic, malonic,
and oxalic acids in 35 min. Using 100 wl injections, the
detection limit is 100 nmol L~ and the peak area response
is linear to at least 100 wmol L.

Bacterial enumeration and biovolume estimation—Bac-
terial abundance was measured in the preserved samples (see
above) using a FACScan® flow cytometer (Becton Dickin-
son) after staining with the nucleic acid stain SYTO 13 (50
umol L=t final concentration, Molecular Probes) del Georgio
et a. 1996). Counting was performed at low flow (12 ul
min-*) with detector voltages set to 400 (side scatter) and
560 (green fluorescence). Fluorescent microspheres (Car-
boxy YG, 1.58-um diameter, Polysciences) were added to
all samples at a final concentration of 1.9 X 10° beads ml—*
for use as internal reference. Cells were separated from fluo-
rescent beads in a log-log dot plot of side scatter and green
fluorescence, and bacterial cell abundance was determined
using the fluorescent beads as an internal standard. Samples
were counted for 1 min or until a minimum of 2,000 beads
had been detected.

Epifluorescence microscopy and image analysis were used
to estimate bacterial cell size and to assure that predatory
flagellates were absent from the cultures at the end of the
incubations. Formaldehyde-fixed bacteria samples were
stained with 4’ 6-diamidino-2-phenylindole (Porter and Feig
1980), and cells were visualized with an Axioskop 2 fluo-
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Table 1. Effects of sunlight and HO- exposure on dissolved or-
ganic carbon (DOC) and LMW carboxylic acid concentrations for
0.2 um filtered water from two sites on the Parker River, Massa-
chusetts. LMW acids are presented as the sum of acetic, formic,
malonic, and oxalic acid carbon. Reported values are the average
of three separate treatments of the same water sample (*+10) and
were determined prior to any bacterial addition or growth. (n/a =
not applicable.)

Loss of DOC Tota of 4

Sample/ DOC due to treatment LMW acids
treatment (uwmol L7Y) (wmol L7Y) (wmol C L7Y)
Site 1

Control 703 = 10 n/a 33+ 14

Light 676 + 15 27 = 18 128 + 2.0

HO- 674 + 5.0 29 + 11 323 £ 05
Site 2

Control 759 £ 6.5 n/a 44 = 0.8

Light 729 + 7.0 30 = 10 102 = 1.6

HO- 722 + 17 37 =18 226 *+ 2.3

rescence microscope (Zeiss) equipped with an Atto-Arc var-
iable light source. For each culture, duplicate images were
acquired with a Magnafire cooled CCD camera (Optronics).
Images were exported to the Scion Image 4.0.2 image anal-
ysis software and an edge-detection operator was used to
define individual area, length, and width of >100 cells per
individual culture. Cell volumes were then estimated by ap-
proximating the shape of bacteria cells as cylindrical with
hemispherical end caps. Volumes were converted to bacterial
carbon biomass for individual cells using the volume to dry
weight relationship previously reported by Loferer-
Krofbacher et al. (1998) and assuming that carbon compris-
es 50% of the bacterial dry weight.

Results

Sampling Site 2 had a significantly (t-test, p = 0.05) high-
er concentration of DOC (759 * 6.5 umol L-?) than Site 1
(703 = 10 wmol L-%), which was located only 50 m up-
stream (Table 1). Presumably, this was due to autochthonous
inputs of organic carbon from the algal bloom present at the
downstream Site 2. Both the light and HO- treatments de-
creased these DOC values (Table 1), causing the same rel-
ative loss of DOC in the water from both sites (~4%). The
sunlight and hydroxyl radical treatments also caused the pro-
duction of acetic, formic, malonic, and oxalic acids (Table
2). The production of these LMW organic acids was on the
same order of magnitude as the abiotic loss of DOC during
the sunlight and HO- exposure (Table 1). Levulinic, glycolic,
and lactic acids are also measurable by our method but were
not observed to be present above their detection limits dur-
ing any of our experiments.

During the 15 d bacterial incubations, cell abundance in-
creased by nearly two orders of magnitude in samples from
both sites (Fig. 1). Generally, the cell counts stabilized with-
in 7 d and, in most cases, remained constant until the end
of the experiment. However, the untreated control incuba-
tions from Site 2 suffered a loss of cell abundance after day



Photochemical effects on DOM utilization

Table 2. Effects of sunlight and HO- exposure on the individua
concentrations of four LMW carboxylic acids for 0.2 um filtered
water from two sites on the Parker River, Massachusetts. The values
are the average of three separate treatments of the same water sam-
ple (= 1o0) and were determined prior to any bacterial addition or
growth.

Sample/  Acetic acid Formic acid Malonic acid Oxalic acid

treatment  (uwmol L=%) (umol L) (wmol L= (umol L-Y)
Site 1
Control 0.6 = 0.5 0.8 = 0.6 ND* 05+ 03
Light 21+ 04 3206 09+03 13*x02
HO- 29+ 07 111*+*06 19+04 48=*06
Site 2
Control 09 = 0.1 14 + 04 ND 0.7 £ 01
Light 15+ 03 46 £ 0.5 ND 1.3+01
HO- 25+ 0.2 85+ 05 ND 45 + 0.1

* ND = not detected, < 0.1 umol L%,

7 (Fig. 1b). This cell loss was likely a result of viral lysis
because no protozoan grazers were observed in any of these
cultures. This cell loss made it inappropriate to calculate
average cell abundances for the control incubations after the
first 7 d of incubation. As a result, the cell counts for each
of the three control incubations are plotted separately after
this point (Fig. 1b).

Significantly higher (t-test, p = 0.05) concentrations of
cells were observed at the plateau in the light-treated incu-
bations relative to the untreated controls (Fig. 1). The growth
of cells in the HO--treated incubations lagged behind the
others during the beginning of the experiment, but eventually
all abundances increased to similar levels as the untreated
controls. There was no significant difference (t-test, p =
0.05) between the average cell abundances (at day 7) in the
water samples from the two sites when they were exposed
to the same pretreatment (light, HO-, or control).

In most cases, the time course of DOC loss during the
incubations roughly corresponded to the increase of bacterial
cell abundance, including the initia lag in the HO--treated
samples (Fig. 2). In a few cases, increases in DOC were
observed near the end of the incubations, presumably due to
a net release of DOC from bacteria due to cell lysis or ex-
cretion. The total utilization of carbon during bacteria
growth was estimated as the difference between the highest
and lowest observed DOC values for each of the incubations
(Table 3).

The bacterial utilization of carbon (asloss of DOC) during
the incubations was greater in both the light and HO--treated
water from both sampling sites relative to the untreated con-
trol incubations (Fig. 2). Theincreased carbon utilization due
to the treatments was calculated as the difference in utili-
zation between the treated samples and the controls (Table
3). Theincreased bacterial carbon utilization due to the treat-
ments was approximately twice the abiotic conversion of
DOC to CO, by the same treatments (Tables 1, 2). For water
exposed to the same pretreatment, no difference in carbon
utilization was observed between the two sites.

For each of the incubations, the concentration of net cell
carbon at the plateau (Table 3) was determined from the
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a) Site 1

—e— control

20

abundance (cells ml"' X 10°)

abundance (cells m1™' X 10°)

time (days)

Fig. 1. Abundance of bacteria cells over time in dilution cul-
tures prepared from Parker River water either kept in the dark (con-
trols) or preexposed to solar radiation or HO-. (8) Results from Site
1 are presented as averages of triplicate cultures (= standard de-
viation). (b) Results from Site 2 are presented in the same way
except for data points after the first 7 d of incubation, where, due
to lysis of cells, the abundances are plotted separately for individual
cultures.

average carbon per cell for that incubation and the cell abun-
dance at day 7. The cell carbon was estimated from mea-
sured cell volumes (see Methods for details). While this ap-
proach is subject to some uncertainty, the average cell
volumes we observed did not significantly differ for the dif-
ferent treatments or sampling locations (F-test, p = 0.05;
data not shown). Therefore, relative comparisons of net cell
carbon between sites and treatments should be valid. The
overall average carbon content per cell was 106 = 13 fg
(1 o).

In the light-treated incubations, the increased carbon uti-
lization corresponded to an increase in net cell carbon rela-
tive to controls (Table 3). However, the relative increase of
cell carbon was not as large as the relative increase in DOC
utilization. In the HO--treated incubations, carbon utilization
increased substantially while cell abundance (and therefore
net cell carbon) was approximately the same as in the un-
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Fig. 2. The loss of dissolved organic carbon (<0.2 uwm) over
time in dilution cultures of Parker River water exposed to natural
sunlight, hydroxyl radical, or no treatment (control) prior to inoc-
ulation. (a) Site 1 (b) Site 2. The data points are the average of
three separate incubations (+1 o). The values measured after treat-
ment are given at t = —1, bacteria were added to start the incu-
bation at t = 0 (vertical line).

treated controls (Fig. 1). To further quantify this effect, we
calculated the bacterial growth efficiency (BGE), defined as
the relative ratio of net cell carbon to total carbon utilization
(Heijnen and Roels 1981; Jahnke and Craven 1995). Both
the light and HO- treatments decreased this value signifi-

cantly (Table 3), indicating that much of the increased car-
bon utilization due to the treatments was metabolically con-
verted to CO, rather than used to synthesize new cell carbon.
There was no difference in the BGE between the incubations
from the two field sites when the water samples had been
exposed to the same pretreatment.

The bacteria utilized the LMW carboxylic acids produced
by the light and HO- treatments during the incubations (Fig.
3; Table 4). As observed for the utilization of DOC, the time
course of utilization of LMW acids roughly corresponded to
the increases in bacterial abundances, including the time lag
in the HO--treated samples (Fig. 3). The utilization of the
LMW acids (Table 4) was calculated as the difference be-

Table 3. Bacterial carbon utilization and growth in dilution cultures prepared from Parker River water. Filter-sterilized water from two
sites was either kept dark (control) or exposed to natural sunlight or HO- prior to addition of bacteria and subsequent incubation. The
reported values are averages of triplicate incubations (=10). (n/a = not applicable.)

Sample/ Total carbon utilization Increased carbon utilization Net cell carbon Bacteria growth efficiency
treatment (umol L-Y) due to treatment (wmol L-1) (umol L-%) (BGE)
Site 1
Control 405 += 5.7 n/a 12.7 = 0.2 31.7 = 4.5%
Light 94.7 = 2.9 542 + 6.4 19.3 + 2.2 20.4 + 2.5%
HO- 91.8 = 9.3 51.3 = 10.9 106 = 1.1 11.6 = 2.0%
Site 2
Control 465 £ 3.7 n/a 17.7 = 53 382 = 11.5%
Light 97.0 = 10.1 50.4 = 10.7 19.7 = 1.8 20.4 = 2.2%
HO- 99.8 = 9.9 53.3 = 10.6 134 *= 3.6 13.4 = 3.0%
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Table 4. The importance of four LMW carboxylic acids (sum of
acetic, formic, malonic, and oxalic acid carbon) during bacteria
utilization of dissolved organic carbon in dilution cultures prepared
from Parker River water. Filter sterilized water from two sites was
either kept dark (control) or exposed to natural sunlight or HO- prior
to addition of bacteria and subsequent incubation. The reported val-
ues are averages of triplicate incubations (+10). (n/a = not appli-
cable))

Utilization of LMW acids

Relative to
increased carbon
Sample/ Total Relative to total  utilization after
treatment  (umol C L-%) carbon utilization treatment
Site 1
Control 24 + 14 59 *+ 3.5% n/a
Light 110 = 1.2 11.7 = 1.3% 204 = 3.3%
HO- 301 =15 32.8 = 3.7% 58.7 = 12.8%
Site 2
Control 35+ 05 7.6 = 1.3% n/a
Light 98 = 1.3 10.1 = 1.7% 194 = 4.9%
HO- 206 = 1.7 20.7 = 2.6% 38.7 = 8.3%

tween the highest and lowest total acid concentration during
the incubations.

The utilization of the LMW acids represented a significant
fraction (6-30%) of the total carbon utilization during the
incubations (Table 4). Additionally, the utilization of the el-
evated LMW acid concentrations present in the light- and
HO--treated samples represented an even larger fraction of
the increased carbon utilization during the incubation of
those samples (20—60%) relative to the controls (Table 4).
In both water samples, the LMW acids were a quantitatively
more important fraction of carbon utilization in the HO--
treated incubations than in the sunlight-treated incubations.
However, it is important to note that the amounts of DOC
utilized as LMW acids do not account for all of the increased
utilization of carbon caused by either the light or the HO-
treatments.

In addition to the incubations, we also conducted a sep-
arate control experiment to determine if relatively long-lived
organic radicals produced during the HO- treatments could
cause any fraction of the slow decrease in DOC we observed
during the incubations (see Methods for details). While the
HO: treatment did cause an immediate loss of DOC and
production of LMW acids (as expected), the resulting con-
centrations of each were stable over the timescale of the
incubations in the absence of any added bacteria (Fig. 4).
The potentia difficulty of keeping an analogous set of sun-
light-treated samples sterile after exposure prevented us from
conducting a similar control experiment for the light treat-
ment. However, because we expect that much higher con-
centrations of radical species were produced during the -
radiolysis procedure, we are confident that al of the DOC
loss during both the light- and HO--treated incubations was
due to bacterial activity.

Discussion

Effects of sunlight on DOC and LMW acids—The ob-
served loss of DOC upon exposure to sunlight (Table 1) is
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Fig. 4. Theloss of DOC and the formation of LMW acids after
the exposure of Parker River water (Site 1) to 30 wmol L-* HO-.
The x-axis is the time after the initial HO- exposure. Bacteria were
not added to this control experiment. LMW acids are reported as
the sum of acetic, formic, malonic, and oxalic acids, expressed as
the concentration of carbon. The values are reported as the average
of three replicate experiments (+1 o). The values measured before
the HO- treatment are given att = —1 and the values at t = 0
(vertical line) were measured immediately after exposure.

consistent with many previous studies, where photochemical
conversion of DOM to inorganic carbon species (i.e., CO,
and CO) has been demonstrated (e.g., Miller and Zepp 1995;
Miller and Moran 1997; Bertilsson and Tranvik 2000). The
observation of the production of acetic, formic, malonic, and
oxalic acids by light exposure is also consistent with pre-
vious reports (Bertilsson and Tranvik 1998; Goldstone et al.
2002; Brinkmann et al. 2003). LMW acid production was
found to be 34% and 47% of DOC loss for the light-exposed
Site 1 and Site 2 samples, respectively. These ratios of LMW
acid production to DOC mineralization are in agreement
with previous studies of LMW acids (Bertilsson and Tranvik
2000). In contrast, the sunlight production rates of LMW
aldehydes and ketones are estimated to be comparable with
those of CO, or 10—20 times slower than dissolved inorganic
carbon (DIC) (Miller and Moran 1997; Moran and Zepp
1997, and references therein). It should be noted that oxalic
acid can undergo subsequent photoreactions that convert it
to CO, (Bertilsson and Tranvik 1998), possibly leading to an
underestimation of its photoformation rate.

Effects of sunlight and HO- on DOM bioavailability and
bacterial growth efficiency—The enhanced accumulation of
bacterial cells and the higher DOC utilization in the sunlight-
treated incubations relative to controls indicate a net increase
in the fraction of DOM that is susceptible to bacterial uti-
lization. Only a small fraction of this increase (20%) can be
explained by the photoproduction and subsequent utilization
of LMW carboxylic acids (Table 4). Thus, our results dem-
onstrate that either additional unidentified LMW substrates
are formed or sunlight reactions modify the higher molecular
weight DOM in a way that renders it more bioavailable to
bacteria on the timescale of these incubations (7-10 d).

The 30 umol L=t HO- treatment also increased DOC loss
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during the incubations relative to controls, indicating a net
increase in DOM carbon utilization by the bacteria. For-
mation and utilization of the LMW acids accounted for a
larger fraction of DOM utilization in the HO- treatment (Site
1, 59%; Site 2, 39%) than the sunlight treatment (20%).
However, as in the light treatment, there was still signifi-
cantly more DOC utilized by the bacteria than is accounted
for by the utilization of the LMW &cids. In the case of HO-
reaction with DOM, the rates of formation of aldehydes and
ketones are unknown and could possibly account for all of
the remaining HO--induced utilization. As with sunlight-me-
diated changes in DOM hioavailability, it is also possible
that HO- produced other, as yet unidentified, LMW sub-
strates or modified DOM to make it more easily utilized
without generating identifiable LMW substrates.

The initial lag in the growth of the HO--treated cultures
(Fig. 1) was probably due to the formation of hydrogen per-
oxide or other short-lived toxic compounds during the -
radiolysis process. Because such species could aso be pro-
duced in sunlight (although this was not observed in the
present study), our results suggest that caution may be war-
ranted when using short-term bacterial growth experiments
to examine light effects on DOM bioavailability.

Both sunlight and HO- treatments significantly decreased
the overall bacterial growth efficiency during the bioassays
(Table 3). Thus, while photochemical processes may increase
the fraction of DOM that is susceptible to bacterial utiliza-
tion, this increase in bioavailability may not correspond to
increased growth of new bacterial biomass. For example,
bacterial biomass in the HO--treated incubations was similar
to controls, despite much higher levels of DOC utilization
(Table 3).

Decreasing BGE upon exposure to light or HO- can be
partly explained by the highly oxidized nature of severa of
the quantitatively important LMW photoproducts identified
here and elsewhere (Bertilsson and Tranvik 1998). In gen-
eral, these oxidized molecules are expected to be utilized at
alower BGE compared with less oxygenated, more reduced
substrates (Heijnen and Roels 1981; Vallino et al. 1996). For
example, several of the major LMW organic photoproducts
observed in the present study have previously been shown
to be utilized at bacterial growth efficiencies below 20%
(e.g., oxalic and formic acid; Heijnen and Roels 1981; Val-
lino et a. 1996). Additionally, a recent study of bacterial
utilization of photochemically produced formic acid suggests
that the bacterial growth efficiency on this compound may
be very low in natural surface waters (<2%; Bertilsson and
Tranvik 1998)

However, even the assumption that the BGE of all the
LMW acids measured in these experiments is zero cannot
fully explain the observed overall decrease in BGE. Hence,
changes in the substrate quality of bioavailable DOM other
than the LMW acids must also take place because of the two
treatments. We cannot exclude the possibility that the bac-
terial populations that establish themselves in the cultures
differed between treatments. If such differences in commu-
nity composition also changed the functional features of the
community (e.g., BGE), this could have influenced our re-
sults. This relationship between function and composition of
bacterial communities is poorly studied so far, but method-
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ological progress could make this a tractable problem in the
near future (Gray and Head, 2001).

BGE values estimated from the O, consumption data of
Moran et al. (2000) support our observations. Their overall
BGE decreased with increasing sun exposure of DOC from
the Satilla River Estuary. In contrast, another study of pho-
tochemical transformations of DOM observed that the direct
solar irradiation of humic lakewater containing indigenous
bacteria resulted in higher bacterial growth efficiencies com-
pared with dark controls (Reche et al. 1998). These contrast-
ing results may be partly explained by differences in the
substrate quality of the original DOM used in the various
studies. The observed growth efficiency on the original ma-
terial used in the study by Reche et a. was very low (0.1—
4%) compared both with DOM from the Parker River (27—
32%; Table 3) and the typical range of values reported in
the literature (20—70%) (Jahnke and Craven 1995). Hence,
even if highly oxidized LMW organic substrates that are
utilized at efficiencies below 10% were being produced in
their experiments, they may still have enhanced the overall
bacterial growth efficiency.

Interestingly, Reche et al. (1998) also found that the ad-
dition of N and P (together) to water from a humic lake
increased bacterial growth efficiency on the bioavailable por-
tion of this material. This implies that low concentrations of
N and P relative to organic carbon substrates may decrease
bacterial growth efficiency. It is unlikely that the shift in
BGE in our experiments is related to a lack of inorganic
nutrients because the ammonia and phosphorus concentra-
tions were manipulated to be relatively high (100 umol L-*
each). However, further research regarding the interactive
effects of sunlight, DOM quality, and nutrients on growth
efficiencies is needed.

Our observed decrease in the BGE on DOM upon light
exposure has important implications for understanding the
fate of dissolved organic matter in surface waters. It is well
accepted that exposure of DOM to solar radiation can min-
eralize DOM and that this abiotic process represents an im-
portant sink for this material. Bacterial utilization in meta-
bolic processes is another important sink for DOM, and
earlier studies suggest that solar-driven DOM transforma-
tions could increase the magnitude of utilization, at least in
waters dominated by terrestrial inputs. The present study in-
dicates that sunlight-mediated increases in bacterial DOM
utilization may not completely trandate to increased bacte-
rial biomass, some (or possibly all) of that increased uptake
may be quickly respired. This would effectively increase the
amount of DOM returned to CO, through solar-driven pro-
cesses at the expense of bacterial biomass production. Fur-
thermore, this effect on biomass production would not be
limited to aguatic bacteria because they are, in turn, impor-
tant sources of nutrients and energy for organisms at higher
trophic levels in the food web.

Comparing the effects of HO- and light on DOM miner-
alization and bioavailability—We can use our results to es-
timate the HO- production rates required for HO- to be an
important part of the sunlight-induced effects on DOM min-
eralization and bicavailability. In our samples, sunlight ir-
radiation mineralized ~14 umol Lt of C per day, and pro-



Photochemical effects on DOM utilization

duced ~6 umol L-* per day of LMW acid carbon and ~21
umol Lt C per day of utilizable products other than LMW
acids (average of the two water samples, Tables 1-4). HO-
experiments mineralized ~1.1 mol C per mol HO-, and pro-
duced ~0.9 mol LMW acid carbon and ~0.8 mol non-LMW
acid utilizable C per mol HO-. Assuming HO- production in
the sunlight treatments was insignificant (see below), these
ratios imply that, in waters with similar DOM concentration
and quality as in our samples, an HO-: production rate of ~7
pmol L=t d=* would be needed for HO- reactions to be a
dominant source of LMW acids compared with other reac-
tions occurring in sunlight. At this production rate, HO-
would also be a major cause of mineralization and a minor
source of utilizable products other than LMW acids.

HO- production rates of ~2-20 X 10-*® mol L-* s7* (4—
40 pmol L-* d-%, approximating a summer day as 6 h of
noontime sunlight) have been observed upon irradiation with
sunlight or simulated sunlight of waters with sufficiently
high Fe and low pH to make HO- production by Fenton’s
reaction likely (see Table 2 in White at a. 2003). Southworth
and Voelker (2003, equation 6) estimated an upper limit on
the noontime near-surface production rate of HO- from the
photo-Fenton reaction of 0.8-4 X 10-° [DOC] mol L-*s1,
corresponding to 2-9 umol L-* d-* HO- for a DOC of 10
mg L-* (830 wmol L-%). This upper limit will be approached
if enough iron(ll) is present to react with all of the photo-
produced H,O, and if H,O, photoformation rates correspond
to the quantum yields discussed by Southworth and VVoelker
(2003). It is clear that HO- production from Fenton’s reaction
has the potential to cause significant effects on DOM trans-
formations.

However, Fenton’s reaction was probably not a significant
source of HO- in our sunlight experiments. Although total
iron concentrations were high (~5-9 umol L), iron pho-
toreduction is expected to be slow at pH 7.6 (Southworth
and Voelker 2003; Scully et al. 2003b), where our experi-
ments took place. In comparison with light exposure, the
HO- treatment produced proportionately more CO,, more
LMW acids, more formic acid compared with other LMW
acids, and fewer unidentified substrates. This suggests that
other reactions besides those occurring in the HO--exposed
samples played a major role during sunlight exposure.

Nevertheless, we cannot rule out that a portion of the
DOM transformations we observed in sunlight is attributable
to HO-. Little is known about the direct (non-Fenton) pro-
duction of HO- from DOM, but it could be important. Ap-
parent quantum yield values from one study (Vaughan and
Blough 1998) suggest that the rate of HO- formation could
be as high as 20% of the rate of hydrogen peroxide forma-
tion. White et a. report that up to 30% of the HO- formation
rate they observed in high DOM river waters is not attrib-
utable to Fenton’s reaction. HO- formation rates from nitrate
are much lower (2 X 1077 [NO,7] mol L s7%) and were
not important in our experiments (Southworth and Voelker
2003).

The possible importance of HO- suggested by the present
study (at least where its natural formation rate is relatively
high) is surprising given the lack of significant effects ob-
served in previous studies. Goldstone et al. (2002) observed
much lower yields of DIC and LMW acid C (~0.3 mol and
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~0.2 mol, respectively, per mol HO:) in similar y-radiolysis
experiments with DOM isolated from the Suwannee River.
Because the average oxidation state of carbon in DOM is
approximately 0 and that of CO, is 4, we would expect that,
if HO- were the only oxidant participating in the minerali-
zation process, the yield of DIC per mol HO- would be close
to 0.25 (i.e., 4 HO- needed to oxidize DOM to CO,) (Gold-
stone et al. 2002). Our much higher values (~1.1) suggest
that the reaction of Parker River DOM with HO- involves
additional oxidants that can further oxidize DOM to CO, or
that HO- reactions with DOM are selective for more oxidized
moieties (initial oxidation state >0). Additionally, Brink-
mann et a. (2003) did not see a measurable effect of adding
1 mmol L-* NO,  on photoproduction of DIC and LMW
acids by simulated sunlight in a bog-water sample. The cal-
culation of Brinkmann et al. of the HO- formation rate in
those experiments implies yields of DIC and LMW acid C
per HO- as low as, or lower than, those observed by Gold-
stone et al. (2002). However, because their calculation ne-
glects the absorption of light by DOM in their samples as
well as the wavelength dependence of the nitrate extinction
coefficients and photon flux density, they may have signifi-
cantly overestimated HO- formation rates. It is also possible
that the differences between the present study and these oth-
ers arise from differences in DOM origin and that isolated
humic and fulvic acids have different properties than whole-
water DOM.

Our results conflict with the recent results of Scully et al.
(2003a), who attempted to study the effect of photoproduced
reactive oxygen species on DOM bioavailability. They found
that the use of a ROS scavenger (furfuryl acohol) during
sunlight irradiation increased subsequent bacterial growth
(measured as cell abundance only) in incubations, relative to
samples irradiated without the scavenger. This result was
interpreted to mean that, in the absence of the scavenger,
photoproduced ROS species reacted with bioavailable sub-
strates produced by photochemical reactions, preventing
their utilization by the bacteria. However, an alternative ex-
planation is the production of bioavailable substrates from
the reaction of the photoproduced ROS with the scavenger
itself, which would have the same effect (and would not
have been observed in their dark controls). In any case, the
results presented here and in Goldstone et al. (2002) clearly
show that reaction of the hydroxyl radical with DOM can
cause the net production of bioavailable substrates such as
LMW carboxylic acids. Additionally, at the concentration
added (200 wmol L-%), furfuryl alcohol could have scav-
enged the majority of the photoproduced hydroxyl radical in
the experiments of Scully et al. but was not a magjor sink of
singlet oxygen or other ROS.

Effects of autochthonous inputs on DOM photore-
activity—The present study was partly designed to examine
the effect of DOM generated by an algal bloom on the pho-
toreactivity and bioavailability of the total DOM pool. How-
ever, only minor differences in the results from Site 1 and
Site 2 were observed (Tables 1 and 3). The most likely rea-
son for thisis that the amount of algal-derived carbon in the
Site 2 sample was relatively small compared with the ter-
restrially derived bulk DOM already present at both sites.
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Despite the elevated algal biomass below the dam (more
than eightfold higher chlorophyll a), only 60 wmol L-*
(7.4%) more DOC was observed at Site 2 (Table 1) than at
Site 1. While this increase is comparable with the total
amount of DOM lost to photomineralization (3-5%) and
bacterial uptake (6-14%), the DOM added at Site 2 would
have to be much more bioavailable or would have to be
changed dramatically by the treatments to have a significant
effect on our bulk measurements (Table 3). The former sce-
nario was probably not observed because heterotrophic bac-
terial growth is often tightly coupled to algal biomass
(Chrost et al. 1989; Norrman et al. 1995). The most labile
DOM fractions would have been rapidly utilized by indig-
enous bacteria, leaving behind more recalcitrant DOM (Ber-
tilsson and Jones 2003). Previous researchers have found
that irradiation of algal-derived DOM had a negative effect
on its bacterial utilization, although only in waters where the
magnitude of the autochthonous DOM dominated the total
DOM pool (Tranvik and Bertilsson 2001).

Effect of sunlight on DOM in the Parker River estuary—
To estimate the effect of sunlight on DOM while it travels
through the Parker River estuary, we have to compare the
dose of sunlight in our bottle experiments to the dose the
DOM would see in the estuary. Apparent quantum-yield
spectra for photoproduction of biologically labile photoprod-
ucts show that light with wavelengths shorter than 380 nm
is responsible for the majority of the production of biolog-
ically labile DOM photoproducts in estuarine waters (Miller
et a. 2002). To make a simple estimate, we will assume that
al solar radiation capable of making bioavailable photo-
products is absorbed by DOM in our reaction vessel (vol-
ume-average path length ~8 cm) and therefore in the much
deeper waters of the Parker River Estuary. According to our
light-absorbance measurements (data not shown), the per-
centage of the incident light absorbed in 8 cm of water sam-
pleis 94, 82, and 65% at wavelengths of 320, 350, and 380
nm, respectively. Hence, our assumption that all of the rel-
evant light is absorbed will underestimate photoproduct pro-
duction in situ, athough probably not more than twofold.
Hullar (2000) measured UV light attenuation as a function
of depth throughout the estuary and calculated a euphotic
zone depth for UV radiation that generally did not exceed
33 cm. Thus, most of the incident UV will be absorbed by
DOM in the estuary, as the depth of the water column nor-
mally exceeds several meters. Hullar also demonstrated that
photochemical oxygen consumption rates normalized to ab-
sorbance at 350 nm were similar throughout the estuary,
suggesting that photochemical reactivity of chromophoric
DOM from various freshwater inputs is similar (another un-
derlying assumption in our simple estimation).

The above assumptions imply that the surface-area nor-
malized rates of the formation of DIC, LMW carboxylic ac-
ids, and other bioavailable carbon photoproducts, calculated
tobe 1.1 X 1073, 4.7 X 104 and 1.6 X 103 mol C m=2
d-* respectively, are the same in our reaction vessel and in
the estuary. We obtained these rates from the average of our
two water samples (Tables 1-4) using a sample volume of
0.5 liter and an estimated surface area for illumination of 64
cm?. Because the total estuarine surface area amounts to 1.2
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X 10" m? (J. Valino pers. comm.), we estimate that on the
order of 1.3 X 104 5.6 X 10°% and 1.9 X 10* mol d-* of
DOM carbon could be converted to DIC, LMW organic ac-
ids, and bioavailable C, respectively, in full summer sun-
shine.

This estimate can be compared with riverine inputs of
organic carbon into the estuary. Total freshwater discharge
into the estuary is expected to be 11 times the discharge
measured by the United States Geological Survey gauging
station at the Parker River dam (located between Site 1 and
Site 2), based on watershed area ratios (Vallino and Hopkin-
son 1998). For June, July, and August, then, average month-
ly discharges are 7.6 X 10° 2.4 X 10° and 1.4 X 10°
m?é d-1, respectively. DOC values in the various freshwater
inputs (e.g., Ipswich River, Mill River) are similar to those
measured in the Parker River, 400-1,300 uM. (DOC and
discharge data obtained from: http://ecosystems.mbl.edu/pie/
data.htm). Assuming an average DOC of 700 umol L~ leads
to an input of riverine DOC of ~5 X 10°, 1.7 X 105 and 1
X 10° mol d-* of carbon for June, July, and August, respec-
tively. Therefore, during summer, we estimate that a signif-
icant fraction of the riverine DOC entering the estuary would
be either mineralized to CO, or made bioavailable by sun-
light (~8%, ~22%, and ~38% for June, July, and August,
respectively, assuming full sunlight). However, on an annual
basis, photochemical processing within the estuary will only
affect a small fraction of the total input of carbon from the
Parker River (~1.5%, assuming annua average sunlight is
~25% of full summer sunlight, and annual average fresh-
water discharge is 9.9 X 10° m® d-'), and the mgjority of
the photochemical processing will occur on the continental
shelf. While these calculations are obviously approximate,
they demonstrate the potential importance of these processes
for the Parker River during summer, when irradiance is high
and discharge is low.
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